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1. Introduction

In the last two decades, Atomic Force 
Microscopy (AFM) has emerged as one of 
the most powerful characterization tools 
in material science. After revolutionizing 
the surface-imaging by visualizing struc-
tures in a nanometer range, AFM became 
increasingly important in addressing 
diverse biological questions, like protein-
DNA interactions[1] or characteristics of cell 
adhesion.[2] Especially, the latter one was of 
great interest, since the attachment of cells 
to an extracellular matrix (ECM) or another 
cell plays a crucial role in fundamental 
biological processes, like tissue growth,[3] 
cell-biomaterial interactions,[4] or the 
origin and progression of diseases such 
as cancer.[5] To investigate cell adhesion 
forces under near-physiological conditions, 
AFM was combined with the highly sensi-
tive Single-Cell Force Spectroscopy (SCFS) 
allowing the quantification of unbinding 
forces of receptor/ligand bonds or of whole 
cell adhesion.[6] More precisely, a cell is 
chemically attached to a functionalized 
cantilever and approached towards a sur-

face or another cell, followed by immobilization and retraction 
after several seconds to minutes.[6b] During this procedure, can-
tilever deflection is recorded over time resulting in a so-called 
force-distance curve. Therefore, this experimental protocol ena-
bles the quantification of adhesion forces in a range of ≈10 pN 
to ≈100 nN making AFM-based SCFS the standard method for 
studying cellular adhesion over several years.[6b,7]

Besides the advances in the quantitative investigation of bio-
mechanics using AFM-based SCFS, the field of Fluorescence 
Microscopy (FL) also became one of the key pillars in the charac-
terization of cell adhesion.[8] Moreover, the innovative develop-
ment of diverse Super-Resolution (SR) microscopy techniques 
like Stimulated Emission Depletion (STED) microscopy or 
direct Stochastic Optical Reconstruction Microscopy (dSTORM) 
revolutionized the optical monitoring by visualizing single pro-
teins within a resolution of a few nanometers.[9] However, none 
of these well-established techniques alone can address and 
encompass the complexity of cell adhesion. Therefore, the com-
plementary combination of AFM with diverse optical methods 
such as Total Internal Reflection FL (TIRFM),[10] Super-Res-
olution Structured Illumination Microscopy (SR-SIM),[11] or 
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dSTORM[12] has taken over an increasingly important role in 
the understanding of cellular biomechanics in the last decades. 
Nevertheless, the data acquisition of these correlative methods 
is mostly performed subsequentially and superimposed after-
wards due to interference of AFM cantilever and fluorescence 
excitation light.[8,11,13] However, recently, Fernandes et al. (2020) 
realized a correlative and truly simultaneously operational 
scheme of AFM Force Spectroscopy (AFM-FS) and confocal 
Fluorescence Lifetime Imaging Microscopy (FLIM) and there-
fore, took the development of novel multifunctional devices to 
the next level.[8]

Nevertheless, there are shortcomings in the experimental 
performance of AFM that cannot be addressed or overcome by 
implementing optical microscopy. One of the main limitations 
is the restriction on early-stage adhesion.[5c,6,14] To overcome 
this constraint, Fluidic Force Microscopy (FluidFM) was estab-
lished by Zambelli’s group in 2009.[15] It combines the precise 
force-controlled positioning with the versatility of microfluidics, 
incorporating an external pumping system which is connected 
to the cantilever via a microchannel.[15,16] Thus, a pressure-mod-
ulated cell immobilization enables the study of mature cell con-
tacts, whose adhesion forces would normally exceed the chem-
ical binding-force between a cell and a functionalized AFM 
cantilever.[6b,17] Since then, FluidFM-based SCFS became the 
gold-standard method for investigating cell adhesion of spread 
eukaryotic and prokaryotic cells, realizing a force quantifica-
tion in the range of piconewton (pN) to several micronewtons 
(µN).[5c,17,18] In this overall framework, the research field of 
mechanobiology experienced great advancements through the 
establishment of diverse multifunctional AFM systems as well 
as the further development of the FluidFM technology. How-
ever, the question of optical tracking of the corresponding bio-
mechanical and complex processes remains unanswered.

Here, we introduce a multifunctional device correlating FL 
and FluidFM technology (FL-FluidFM), which enables the visu-
alization of cellular detachment and, at the same time, the quan-
tification of corresponding detachment forces. By implementing 
a piezo-driven objective positioner (PIFOC) and an immersion 
oil objective, we achieved high focus stability with optimized 
optical resolution throughout the entire experiment. Further-
more, the use of fluorescent excitation light with a wavelength 
of 555 nm revealed no meaningful interference in either optical 
tracking or force quantification. Using fluorescently labeled rat 
embryonic fibroblast (REF52) cells for proof-of principle exami-
nation, we pioneer and explore complete cell detachment pro-
cesses while truly simultaneously recording the corresponding 
detachment forces. Moreover, we established a protocol for 
unambiguous matching between quantified force-jumps and 
the visualized steps of cellular unbinding. Consequently, we 
believe that this technological correlation paves the way toward 
a novel characterization method and, therefore, provides new 
insights into the complex biomechanics of cell adhesion.

2. Results

2.1. Design and Fabrication of the Correlated FL-FluidFM Device

In this study, we established a customized and corre-
lated system, which combines FL and FluidFM technology 

(FL-FluidFM), enabling real-time monitoring of cellular 
detachment with simultaneously recording the corresponding 
detachment forces. Figure  1a shows a schematic setup of this 
in-house developed device, initially based on a standard Flu-
idFM setup as described in Sancho et  al. (2017).[5c] Thus, the 
novel system is based on a scan head (FlexAFM V5+ SLD,  
Nanosurf GmbH, Langen, Germany) combining AFM with 
FluidFM technology (Cytosurge AG, Glattbrugg, Switzerland), 
mounted on an inverted fluorescence microscope (Axio
Observer Z1, Carl ZEISS AG, Oberkochen, Germany) which 
carries a piezoelectric sample stage of 100 µm retraction range 
(npoint LC400 controller, Nanosurf GmbH, Langen, Germany). 
Concerning the desired high-precision monitoring of cell 
detachments, the optimization of the optical components was 
crucial. Therefore, a high numerical immersion oil objec-
tive (Plan-Apochromat 40x/1.4 Oil DICIII, Carl ZEISS AG, 
Oberkochen, Germany), as well as a piezo-driven PIFOC (Piezo 
Flexure Objective Positioner) system (nanoFaktur GmbH, 
Villingen-Schwenningen, Germany), was implemented, pro-
viding high optical resolution and focus stability throughout 
an experiment (Figure  1b). The latter aspect is achieved by a 
synchronous movement of sample stage and objective, con-
stantly regulated via a closed feedback-loop and, thus, ensuring 
a precisely guided motion with a resolution in the nanometer 
range (Figure  1c). For a simultaneous visual control over the 
cantilever alignment and the FL, the output signal is directed 
to two independent cameras via a reversible 50:50 beam splitter. 
The acquisition of fluorescence signal is accomplished using 
a monochromatic CCD camera (AxioCam MRm, Carl ZEISS, 
Oberkochen, Germany) while laser spot alignment of the Flu-
idFM is performed with a CMOS camera (UI-3060CP-M-GL 
Rev.2, IDS Imaging Development Systems GmbH, Obersulm, 
Germany). A light  emitting  diode (LED) light source (Colibri 7,  
Carl ZEISS AG, Oberkochen, Germany) was implemented for 
the fluorescent illumination, providing up to seven fluores-
cence excitation lines and fast channel switching in the range 
of microseconds. By integrating a high-efficiency filter set  
(90 HE LED Carl ZEISS AG, Oberkochen, Germany), four exci-
tation wavelengths (385/475/555/630  nm) are available simul-
taneously. To shield any noise, the whole FL-FluidFM system 
is placed on a vibration isolation base (Accurion Halcyonics-
i4, Accurion GmbH, Göttingen, Germany) and covered by an 
acoustic protection box.

2.2. Visualization of Cell Detachments with Optimized Focus 
Stability and High Optical Resolution

One of the most important steps towards a real-time visualiza-
tion of cell detachment processes was achieving high optical 
resolution and high focus stability. For this, the implementa-
tion of a high numerical immersion oil objective combined 
with a PIFOC system was crucial (Figure  1c). Figure 2 shows 
a comparison of visualized cell detachments of single REF52 
cells without (Figure  2a–c) and with (Figure  2d–f) optimized 
microscopic optical hardware components. It is obvious that 
the performance of the standard FluidFM device provides a low 
optical resolution and no focus stability, which can be referred 
to as the lack of focus control. Thus, optical tracking of the cel-
lular movements during a detachment is nearly impossible. 
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In contrast, using a PIFOC system results in high focus sta-
bility during the entire measurement (Figure 2d–f). Here, the 
interface between cell and substrate stays in the focal plane 
until the cell is fully detached (Figure  2f), enabling a detailed 
visualization of an entire unbinding process. In addition to the 

achievement of high focus stability, the implementation of an 
immersion oil objective entailed high optical resolution, which 
is especially beneficial for the more detailed analysis of intra-
cellular movements during cellular de-adhesion. Finally, the 
optimization of microscopic visualization components seems 

Figure 1.  Schematic setup of a customized FL-FluidFM system. a) Correlated FL-FluidFM device based on an AFM scan head that is connected to a 
monochromatic LED light source for fluorescence illumination. b) Detailed view of the interface between sample and high numerical objective mounted 
on a PIFOC system. c) Comparison of focus stability without (FluidFM) and with (FL-FluidFM) PIFOC implementation.

Figure 2.  Comparison of the focus stability and optical resolution between standard a–c) FluidFM and d–f) FL-FluidFM setup: both cases show a 
composition of three brightfield images taken at the beginning, in the middle, and at the end of a cell detachment experiment. Blue arrows mark the 
respective cell which will be detached. (a–c) Images taken with the commonly used FluidFM system show reduced optical resolution and a loss in 
focus. (d–f) Brightfield images illustrate the high optical resolution and high focus stability of a detachment process which was monitored using the 
correlated FL-FluidFM device. Scale bar: 20 µm.
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to pave the way for the first time to a real-time and correlated 
investigation of cellular insights and cell adhesion forces during 
a cell detachment experiment.

2.3. Verification of FluidFM Functionality after Successful 
Adaptation of Focus Control and Optical Resolution

After successfully advancing the device by implementing the 
PIFOC and the oil immersion objective, the functionality of the 
setup was validated. Here, the focus was on the occurrence of 
noise caused by the additional component of mechanical motion 
when simultaneously positioning a PIFOC-controlled objective 
and the sample stage. This in turn can affect the highly sensi-
tive force measurements. Furthermore, the oil film between 
objective and substrate could offer a direct transmission path 
of vibrations into the experimental medium surrounding the 
cantilever and thus also onto the cantilever itself. To ensure that 
vibrations do not negatively influence the high-sensitive meas-
urement procedure of the FluidFM technology, SCFS was per-
formed by using the novel and focus-controlled as well as the 
standard FluidFM device. In short, every single cell detachment 
force-curve is composed of three sections: approach, immobili-
zation, and retraction (Figure 3), as already described by Sancho 
et  al. (2017).[5c] In the first phase, cantilever and targeted cell  
are brought into contact (approach, red section), followed by the 
application of a constant suctioning pressure to immobilize the 
cell at the cantilever tip (immobilization, green section). The last 
phase shows a retraction curve, which demonstrates the typical 
process of a cellular detachment (retraction, blue section). Here, 
the force increases within a few seconds until the so-called  
Maximum Detachment Force (MDF) is reached. This is followed 
by multiple detachment steps, occurring as abrupt force-jumps. 
After complete cell detachment, the force returns to a minimum 
with a slight shift towards negative values. This is due to viscous 
drag and the additional weight of the attached cell, hindering 
the cantilever deflection to return to its initial state.

Figure 3 illustrates the exemplary force-curve of a detached 
REF52 cell using either the standard FluidFM (Figure  3a) or 

the correlated FL-FluidFM (Figure 3b) setup without and with 
PIFOC and oil immersion objective, respectively. Both curves 
show a comparable force progression of approach, immobi-
lization, and retraction with respect to the precision of the 
method. Especially the third section, which is the most impor-
tant one for cell adhesion analysis, reveals a high number of 
multiple unbinding events in both cases. Also, the two MDFs 
are in the same order of magnitude when considering their 
standard deviations (FluidFM: (−253 ± 75) nN and FL-FluidFM: 
(−334 ± 91) nN)). The overall course of detachment forces was 
measured for more than ten cells with both systems (Figure S1a,b,  
Supporting Information), indicating no apparent negative influ-
ence on data acquisition using the advanced FL-FluidFM that 
can be attributed to the implementation of PIFOC or high 
numerical objective. Therefore, the highly sensitive data acqui-
sition of force-curves using the correlated FL-FluidFM system 
was verified.

2.4. Integration of Fluorescence Illumination for the  
Visualization of Cellular Components During Cell Detachment

After the successful implementation of PIFOC and high 
numerical objective, the next step in establishing a correlated 
FL-FluidFM setup was the concurrent fluorescent visualization 
of cellular insights. For this purpose, fluorescence illumination 
was integrated into the experimental procedure. Together with 
the high focus stability, we thus achieved a real-time optical 
tracking of fluorescently labeled cellular components using live-
cell staining. Therefore, REF52 cells stably expressing paxillin-
yellow fluorescent protein (YFP) as one of the well-known focal 
adhesion proteins,[19] were additionally transiently transfected 
with LifeAct-mCherry to fluorescently label the F-actin cytoskel-
eton. Figure  4a shows an example of a dual-fluorescently 
labeled cell under brightfield illumination, well-aligned towards 
the cantilever. The fluorescently labeled paxillin (Figure 4b) and 
F-actin filaments (Figure 4c) are illustrated in green and orange
signals, respectively. In addition, the overlay image (Figure 4d)
demonstrates a spread cell morphology with paxillin allocated

Figure 3.  Exemplary force-curves of REF52 cell-detachment experiments a) before and b) after optimization of focus stability and optical resolution. 
Both measurements show an MDF at the highest point of force and several force-steps. Both experiments were recorded under brightfield illumination: 
(a) The exemplary force-curve of a detached REF52 cell, which was recorded with the standard FluidFM device. (b) The force-curve of a cell that was
detached from a substrate using the correlated FL-FluidFM system.
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at the ends of elongated actin filaments. After the successful 
establishment of this live-cell labeling, we realized the optical 
tracking of an entire cell detachment process under fluores-
cence illumination, which, to the best of our knowledge, has 
not been reported yet.

However, although fluorescence images were recorded 
using dual-fluorescence illumination, the correlated acquisi-
tion of FL-FluidFM data was performed only with one excita-
tion light at a time. This is because simultaneous application 
of fluorescence light and SCFS caused non-linear cantilever 
deflection and/or autoluminescence (Figure 4). In our system, 
especially the excitation light of paxillin (475  nm) triggered 
a pronounced cantilever autoluminescence (Figure  4b,d). 
By contrast, illumination with 555  nm did not induce any 

luminescence effect, enabling a detailed visualization of 
intracellular F-actin (Figure  4c). Moreover, the simultaneous 
visualization of actin filaments and force quantification 
revealed no interference signal indicating a spurious canti-
lever bending (Figure  4e). Analogous to the curve recorded 
with brightfield illumination (Figure  3b), Figure  4e exhibits 
the typical force progression of a cellular detachment with 
an MDF in the same order of magnitude as described in  
Section 2.3 ((−450 ± 136) nN). In contrast, dual-excitation light 
irradiation of a cell detachment experiment resulted in a sinu-
soidal signal overlapping the entire force-curve and, therefore, 
making the analysis of cellular unbinding events impossible 
(Figure  4f). Consequently, all correlated FL-FluidFM experi-
ments were performed using only the orange fluorescence 

Figure 4.  Integration of fluorescence illumination into the correlated data acquisition using FL-FluidFM: a) A REF52 cell stably expressing paxillin-YFP 
and transiently transfected with LifeAct-mCherry (F-actin) is visualized with brightfield illumination. The position of the cantilever is marked with a red 
square. The blue arrows point to the edge of the targeted cell. b) The fluorescence image reveals green, fluorescent paxillin signal but also a strong 
cantilever luminescence. c) The fluorescence image of the cell shows no detectable cantilever autoluminescence but clearly visible F-actin filaments, 
illustrated with orange signal. d) The dual-fluorescence image of the REF52 cell demonstrates the overlay signal of paxillin-YFP and LifeAct-mCherry. 
The green autoluminescence of the cantilever is clearly visible in this case. e) The force-curve that was recorded simultaneously to the F-actin visualiza-
tion is separated into the typical sections of approach, immobilization, and retraction and shows no obvious disturbance due to spurious cantilever 
bending. f) The force-curve acquired under dual-fluorescence illumination exposes a strong sinusoidal signal overlaying the whole detachment process. 
Scale bar: 50 µm.
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signal, ensuring a high-quality visualization and quantifica-
tion of cell detachment processes at the same time. Finally, 
the fluorescence illumination was successfully integrated into 
the cellular detachment process without negatively affecting 
the data quality of force-curves.

2.5. Correlated Analysis of FL-FluidFM Data

The above experiments have successfully demonstrated the 
feasibility of a correlated investigation of cell adhesion using 
FL-FluidFM technology. Here, the correlated hardware perfor-
mance of FL and FluidFM technology enables the simultaneous 
recording of force-curves and visualization of cellular detach-
ment. Consequently, the next step was to analyze this corre-
lated data, focusing on the achievement of a specific matching 
between force-steps and visible unbinding events within a cell. 
Figure 5a shows an exemplary force-curve of a detached REF52 
cell. Here, each visible force-jump was marked by a linear fit, 
shown by purple lines. The last step before a complete detach-
ment was chosen as a time-dependent reference point between 
force-curve and corresponding time-series to correlate the force-
jumps with visible unbinding events. A specific step-matching 

was feasible by comparing the time points given by the force-
jumps with the moment of visible cellular unbinding. The 
number of force-steps, which could be referred to as certain 
unbinding events within an optically tracked cell, is shown in 
Figure 5b, with all 20 steps highlighted with purple lines. The 
corresponding fluorescence image of the cell showing each iden-
tified spot of intracellular unbinding (arrow 1–20) is illustrated 
in Figure 5c. To further demonstrate the observed detachment 
process, Figure  5d shows a step-by-step image composition, 
highlighting the individual unbinding spots of actin filaments 
with arrows. This time-resolved process (Video S1, Supporting 
Information) shows the movement of the cytoskeleton during 
the detachment process that initially starts in the middle of the 
cell body (steps 1–10), where it is immobilized at the cantilever 
tip. Then, the cytoskeletal unbinding spreads from the inside 
to the outside, until there is only contact between cellular edge 
and surface (steps 11–20). After completely separating the cell 
from its substrate, there is no further detectable fluorescence 
signal in the focus level. This whole procedure correlates with 
the morphological movements observed under brightfield illu-
mination (Video S2, Supporting Information).

Furthermore, comparing this described procedure of cel-
lular de-adhesion with the fitted force-steps in (Figure  5a), 

Figure 5.  Correlated data analysis of an exemplary detachment experiment in which the unbinding process of a REF52 cell was performed using the 
correlated FL-FluidFM technology: a) The exemplary force-curve shows linear fits of single force-jumps, which were marked with purple lines. The last 
force step serves as a fixed reference point (purple dashed line). b) The purple lines sign each force-jump that could be attributed to a certain unbinding 
event visible in the corresponding fluorescence time-series (c and d) of the detachment process. c) The corresponding spots of cellular unbinding are 
marked with purple arrows and the matching number. d) A step-by-step image composition of the time-series recorded during the detachment process 
showing the position of the 20 identified unbinding events in (c). Scale bar: 20 µm.
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a correlation between the area of filamentous unbinding and 
slope distribution could be assumed. At the beginning of a 
detachment process, when the intracellular unbinding domi-
nates, the degree of slope is relatively high (Figure S2, Sup-
porting Information). After exceeding the MDF, the linear 
slope slowly decreases and settles at a value around zero, when 
the cell is fully separated from its substrate. During this transi-
tion, the visible cellular unbinding also shifts from the inside 
to the cellular edge, indicating a correlation between the force-
jumps’ gradient and the filamentary unbinding area. Evaluating 
this correlated data analysis, it can be concluded that the FL-
FluidFM technology enables a clear link between force-steps 
and cellular unbinding events and, therefore, opens a novel 
pathway for investigating cell adhesion.

3. Discussion

This study aimed to correlate FluidFM technology and FL 
within one setup. Already 2012, Nature has highlighted the 
advantages of correlative microscopy by declaring two micro-
scopes are better than one.[20] Especially AFM was combined 
with a variety of optical microscopy techniques like TIRFM[10b,21] 
or dSTORM[12] providing remarkable advances in biological 
research. However, the non-feasibility of simultaneous data 
acquisition, as well as the restriction of AFM to early-stage 
adhesion, represented a major drawback.[13] Thus, the Flu-
idFM technology was developed by Zambelli’s group in 2009.[15] 
Besides its application for intracellular injection[22] and pick-
and-place experiments,[18a,23] FluidFM has become the gold-
standard method for investigating mature cell adhesion.[5c,16,24] 
Nevertheless, to the best of our knowledge, a multifunctional 
system that enables the quantification and visualization of 
mature cell adhesion at the same time is still lacking. To fill 
this gap, a novel in-house developed device correlating FluidFM 
technology and FL and, therefore, paving the way towards real-
time optical tracking of cellular detachment, was presented in 
this study.

One of the basic requirements for establishing this correlated 
device was a high optical resolution and high focus stability 
throughout an entire cell detachment experiment. Analogous to 
the study of Puech et  al. (2006),[2a] we implemented a PIFOC 
system into our device, which enabled a piezo-controlled posi-
tioning of the objective’s focal plane, synchronized to the ver-
tical movement of the 100  µm Z-stage. In addition, with the 
integration of a high numerical objective whose application is 
already well-established in the context of correlative SR-AFM 
microscopy,[11,12,25] we achieved a high-resolution visualization 
of cell detachment and corresponding unbinding processes 
(Figure 2d–f). However, although these components are already 
widely used in microscopic apparatus, it was the first time to 
be integrated into a FluidFM-based microscope. Therefore, 
cell-detachment experiments were performed assessing the 
recorded data of the standard and the optimized device, to 
verify the functionality of the highly sensitive FluidFM perfor-
mance after hardware modification.

Comparing the shape of the two exemplary force-curves 
(Figure  3a,b) with the ones of other studies,[4b,5c,13b,24] no 
remarkable difference was visible. Both show the typical way of 

detachment including approach, immobilization, and retraction 
with the characteristic force-pattern of cellular unbinding. Only 
the slight difference in MDF, representing the highest point 
of cell-substrate binding,[4b] is noticeable, which at first glance 
could be explained with the individuality of each cell regarding 
size and, therefore, contact area, stiffness, or the number of focal 
contact points.[4b,26] However, by comparing the respective totality 
of cells recorded with or without improved optics (Figure S1a,b, 
Supporting Information), it is apparent that the cells inves-
tigated with the new hardware have with (−467  ±  105)  nN an 
overall higher MDF on average than the ones investigated with 
the standard FluidFM (MDFmean =  (−219 ±  78) nN). To further 
analyze a possible effect of the setup adjustment, additional 
measurements were carried out only with an oil objective and 
without the PIFOC system (Figure S1c, Supporting Informa-
tion). Here, the average MDF was with (−281  ±  98)  nN in the 
same range as the one measured with the standard FluidFM 
device. However, considering the already mentioned and well-
established use of PIFOC and immersion oil objective in cor-
relative microscopy, an impact on the quality of FluidFM per-
formance is very unlikely. Thus, this discrepancy can be most 
probably explained by the mathematical proportionality between 
force and different cantilever parameters (Equation 1). Although 
all measurements were based on the same cantilever type and 
on the same calibration method, the calibrated spring con-
stant kCalib of the used cantilevers revealed a remarkable differ-
ence, while the calibrated deflection sensitivities δCalib (without 
PIFOC: δCalib  =  8.56  × 10−8  m  V−1, with PIFOC: δCalib  =  8.31  × 
10−8  m  V−1) were in the same order of magnitude. Therefore, 
the measurement of low MDFs was connected to a canti-
lever with a calibrated spring constant of 1.25  N  m−1, whereas 
high MDFs were quantified with a cantilever of 2.55  N  m−1 
calibrated spring constant, leading to an overall much higher 
force. Considering this mathematical relationship directly 
influencing the accuracy of SCFS data,[27] it is very likely that 
the high difference in cantilever stiffness is responsible for the 
discrepancy between the mean MDFs instead of the imple-
mentation of PIFOC or oil objective. Moreover, by comparing  
the original MDFs recorded with PIFOC with the ones calcu-
lated with the cantilever parameters used for the measurements 
without PIFOC, a clear decrease in force is visible (Figure S3, Sup-
porting Information). Here, the average MDF of (−236 ± 53) nN  
is in the same range as the ones without PIFOC. Therefore, 
it can be stated that neither the modification of the device nor 
the biological diversity of the cells is the decisive factor for the 
overall increase in MDF after setup optimization. Moreover, it 
can be concluded that the integration of PIFOC and oil objective 
allowed a real-time optical tracking of cellular detachment with 
extraordinary focus stability and high optical resolution for the 
first time.

After successfully optimizing the optical hardware design, 
we further integrated the fluorescence illumination into the 
workflow of cell detachment. We successfully demonstrated 
the simultaneous fluorescent visualization and detachment 
force quantification of fluorescently labeled REF52 cells as 
proof-of-principle experiments. The exemplary force-curve 
illustrated in Figure  4e shows the same way of force-pattern 
compared to the curves recorded under brightfield illumina-
tion (Figure 3). This demonstrated the feasibility of correlated 
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FL-FluidFM microscopy without any disturbance of the force-
curve data. Nevertheless, it has to be mentioned that the inte-
gration of the fluorescence light also involved some challenges. 
As previously stated, it is well known that the coincidence of 
cantilever and fluorescent light can cause disturbances in data 
acquisition, both in terms of FL and force-curve acquisition. 
This was also the case in the present study, which had to deal 
with both cantilever oscillation and cantilever luminescence 
using dual-excitation or blue light (475  nm) illumination. In 
this context, Kassies et  al. (2005)[28] determined high photo-
luminescence for cantilevers made of silicon nitride (Si3N4), 
which is consistent with our observations regarding a wave-
length of 475 nm. Here, the cantilever showed a strong auto-
luminescence overlapping the green paxillin signal and, there-
fore, hindering a removal by spectral filtering (Figure  4b,d). 
However, the excitation of F-actin filaments revealed no visible 
luminescence of the cantilever (Figure 4c) which contrasts with 
the study of Lulevich et al. (2005).[29] They used a commercial 
silicon nitride AFM cantilever as a light source by illuminating 
it with either 488 or 532  nm wavelength, both causing pho-
toluminescence. They further suggested that dangling bonds 
or photoluminescent silicon nanocrystals within the silicon 
nitride could be the reason for the arising photoluminescence 
of Si3N4 cantilevers.[29] However, this is countered by the study 
of Kistner et  al. (2011),[30] which identified the silicon nitride 
itself as responsible for the photoluminescence. To further 
investigate these effects, we additionally tested different exci-
tation wavelengths in our setup and observed effects of can-
tilever luminescence in the case of ultra-violet light and none 
for a wavelength of 630  nm (Figure S4, Supporting Informa-
tion). Summarized, this phenomenon is not yet fully under-
stood and still needs some further research, which is beyond 
the scope of this publication.

Besides the effect of cantilever luminescence, we also dealt 
with the impact of cantilever oscillation (Figure  4f). In this 
context, Friedrichs et  al.[13b] already claimed the simultaneous 
collection of force-data and fluorescence images is impossible 
in most cases due to fluorescence light-induced cantilever 
bending. Furthermore, Cazaux et  al. (2015)[13a] revealed a cor-
relation between the material cantilever composition and the 
wavelength and intensity of the used excitation light, resulting 
in an AFM/fluorescence signal coupling. They determined a 
stronger reaction for gold-coated than for uncoated cantile-
vers causing a spurious deflection for visible excitation light 
(470 nm), in particular, sparking a strong reaction.[13a] In relation 
to our study, this could be an explanation for the pronounced 
cantilever oscillation that occurred under dual-channel illumi-
nation (Figure  4f), where 475 and 555  nm were switched on 
and off alternately. This resulted in a sudden increase in force 
followed by a slow cantilever relaxation. However, comparing 
this force-curve with the ones recorded under single-channel 
illumination (Figure  4e: 555  nm and Figure S5, Supporting 
Information: 475 nm), there was not even a hint of interference,  
suggesting that the triggering factor is more the switching of 
the channels than the beams themselves. Nevertheless, to pre-
cisely determine the cause of the sinusoidal signal, a system-
atic investigation of experimental parameters like excitation 
wavelength, exposure time, or intensity are necessary which 
are part of our current research and beyond the scope of this 

publication. In the end, by focusing on the visualization of 
F-actin filaments, we were able to perform proof-of-principle
experiments using combined FL-FluidFM for the first time and,
therefore, demonstrated the correlated and simultaneous feasi-
bility of force-curve acquisition and optical tracking of fluores-
cently labeled cells.

We also presented the first approach of correlated data 
analysis. Since the implementation of SCFS into AFM in 2008 
by Helenius et al., the concept of cell adhesion and its biome-
chanics was described by a variety of research groups.[4b,6a,13b,24,26]  
Up to now, the focus was on the analysis of force-curves in 
particular, as these provide information about cell adhesion 
specific parameters, like the overall binding strength, viscous 
and elastic cellular deformation or the rupture of adhesion 
bonds.[4b,6a,13b] However, confirming these concepts in terms of 
real-time optical tracking of a cell was still missing. To fill this 
gap, our approach of data analysis highlights the matching of 
identified force-jumps with corresponding and visible cellular 
unbinding events and, therefore, provides new insights into the 
biomechanics of cell adhesion.

In addition to the already discussed effects of spurious can-
tilever bending and photoluminescence, the synchronous per-
formance of measurements was also a challenge in establishing 
a reliable and correlative data analysis. This time-dependent 
correspondence between two separated methods can be quite 
complex, which might be a reason why many multifunctional 
devices, so far, perform their measurements in a sequential 
manner and superimpose their data afterward.[12a,31] While 
this has the advantage that a synchronized performance is not 
necessary, it also has the disadvantage that possible biolog-
ical processes or cellular changes occurring in the meantime 
cannot be captured. In contrast, this study realized a real con-
current performance of two technologies by manually starting 
both measurements at the same time and, therefore, pro-
viding complementary information about cell adhesion forces 
and their biomechanics at once. To consider a possible delay 
between the two software, the last detachment step was deter-
mined as a reference point. This step could be clearly identi-
fied in both data sets, guaranteeing a consistent starting point 
for data correlation. We are aware that our presented evalua-
tion method to correlate fluorescence imaging and mechanical 
detachment steps is a proof-of-principle study and has to be 
improved, for example, by using algorithms. Nevertheless, 
an unambiguous assignment between force-jumps and vis-
ible unbinding events was possible. Similar to Selhuber-Unkel 
et  al. (2010)[26] who combined AFM with FL for investigating 
the intermolecular spacing of integrin during cell detachment, 
our study allowed the investigation of the de-adhesion pro-
cess by optical tracking of the unbinding of F-actin filaments, 
which represent a direct link to focal contacts.[19a,32] This cor-
relative analysis revealed a connection between characteristic 
force-steps and the cellular region of unbinding spreading 
from the inside to the outside. After starting the detachment 
process, the force rapidly increased until the MDF was reached 
within a few seconds. This could be referred to as a cellular 
stretching of the area around the nucleus, where the cell is 
immobilized and sucked onto the cantilever tip (Figure 5d and 
Video S1, Supporting Information). This is consistent with 
the study of Cohen et al. (2017),[16] which stated that the MDF 
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generally appears at a short separation distance between cell 
and substrate. Analogous to the investigation of Friedrichs 
et  al. (2013),[13b] our results demonstrated a time-dependent 
shrinkage of cellular contact area until only the cell edge is in 
contact with the surface (Figure 5d). Moreover, the exemplary 
force-curve, illustrated in Figure  5a, revealed a high number 
of discrete force-steps. A distinction can be made between two 
different types of steps: a) the so-called jumps/rupture events 
(“j” events) and b) the tether events (“t” events). Whereas “j” 
events are characterized by a preceding ramp-like increase in 
force, force-plateaus prior to a step are visible, when pulling a 
tether.[2a,4b] The latter predominantly appears in the final phase 
of a detachment process, when membrane-nanotubes (tether) 
are extracted out of the cellular cortex.[4b,13b] On the other hand, 
“j” events mostly occur after exceeding the MDF. They repre-
sent the intracellular rupture of adhesive bonds that remain 
anchored to the cytoskeleton.[4b] These two concepts of cellular 
unbinding could also be observed in our studies, showing “j” 
events in the middle as well as force-plateaus at the end of a 
force-curve. Furthermore, this observation was also supported 
by an asymptotical change of slope distribution of linearly 
fitted detachment steps (Figure S2, Supporting Information). 
Regardless of the number of detachment steps within a cellular  
de-adhesion, the highest negative slopes were visible at the 
beginning of a detachment process, followed by a decline 
that settled around zero at the end. Besides this force-curve 
analysis, our studies also confirmed the linkage between the 
type of force-step and the region of cellular unbinding by visu-
alizing the transition from a full-body contact zone to a con-
tact zone where the cell membrane is connected to the surface 
exclusively (Figure 5d and Video S1, Supporting Information). 
Moreover, the specific optical-tracking of fluorescently labeled 
F-actin filaments enabled the correlation of a high number of
discrete force-steps with the corresponding spots of cellular
unbinding, for the first time.

4. Conclusion

This study aimed at the correlation of the FluidFM technology 
and the FL for real-time simultaneous quantification of adhe-
sion forces and visualization of corresponding cellular detach-
ment steps. The application of this multifunctional device was 
tested on single REF52 cells, fluorescently labeled for paxillin 
and F-actin, and well known for the formation of mature focal 
contacts. The adaptation of the optical detection path via PIFOC 
and oil immersion objective ensured high focus stability and 
high optical resolution throughout an entire cell detachment. 
Therefore, a real-time optical-tracking of a whole de-adhesion 
process without negatively affecting force-curve’s sensitive data 
acquisition was feasible. Furthermore, the integration of FL 
allowed the visualization of cells on a sub-cellular level. Thus, we 
achieved the simultaneous recording of force-curves and fluo-
rescence time-series that tracked the entire detachment process 
of a cell. Here, the unbinding of F-actin filaments was clearly 
visible, spreading from the inside to the cellular periphery and, 
therefore, confirming the classification of force-steps into intra-
cellular rupture events and membrane nanotubes occurring 
at the final phase of a detachment process. We are convinced 

that the correlation of FluidFM technology and FL represents a 
powerful new approach, enabling the concurrent performance 
of force-curve quantification and detachment step visualization 
and, therefore, revealing new insights into the mechanobiology 
of cell adhesion.

5. Experimental Section

Cell Culture: For all cell detachment experiments, adherent REF52
cells stably expressing paxillin-YFP (kindly provided by the laboratory 
of Alexander Bershadsky at Weizmann Institute of Science, Israel) were 
cultivated in Dulbecco’s Modified Eagle Medium (DMEM-GlutaMAX, 
Life Technologies, USA) supplemented with 10% fetal bovine serum 
(FBS, Sigma-Aldrich Inc., St. Louis, USA), 1% penicillin/streptomycin 
(10  000  U  mL−1, Life Technologies, USA), and 1% HEPES buffer (1 m, 
Sigma-Aldrich, Inc., St. Louis, USA). The cells were sub-cultured twice a 
week and stored at 37 °C with 5% CO2 supply.

Transient Transfection: REF52-paxillin-YFP cells were additionally 
transiently transfected with LifeAct-mCherry (kindly provided by the 
laboratory of Alexander Bershadsky at Weizmann Institute of Science, 
Israel), a fusion protein that specifically binds to F-actin filaments. 
Lipofectamine2000 (Thermo Fisher Scientific Inc., Waltham, USA) 
was used as a transfection reagent. The preparation of the lipid-DNA-
complex was performed with Opti-MEM (Thermo Fisher Scientific Inc., 
Waltham, USA) as reduced serum media. One day before transfection, 
the cells were seeded at a density of 2000 to 3000 cells cm−2 on 40 mm 
glass-bottom dishes (WillCo Wells B.V., Amsterdam, Netherlands) 
and mounted with 1  mL of serum-free culture media. On the day of 
transfection, a lipid-DNA-complex containing 1  µg DNA was added to 
the cells and incubated at 37 °C. After 5 to 6 h, the transfection media 
was replaced by the corresponding culture media and stored in the 
incubator at 37  °C. The next day, the transfected cells were analyzed 
at the FL-FluidFM system. Right before the experimental investigation, 
the cells were carefully rinsed two to three times with 1x Dulbecco’s 
phosphate-buffered saline (PBS) (Sigma-Aldrich Inc., St. Louis, USA) 
followed by coverage with FluoroBrite solution (Thermo Fisher Scientific 
Inc., Waltham, USA) providing a reduction of background signal and 
higher signal-to-noise-ratio (SNR). Each sample was used for cellular 
detachment experiments for a maximum of 1.5 to 2 h.

Cantilever Preparations: FluidFM technology was performed using 
silicon-based microfluidic probes with a nominal spring constant of  
2 N m−1 (FluidFM micropipette cantilever, Cytosurge AG, Glattbrugg, 
Switzerland). These tipless cantilevers were equipped with a 
microchannel and an aperture of 8 µm in diameter at the free end. On 
the other side, the micropipette was connected to a pressure system 
(Cytosurge AG, Glattbrugg, Switzerland). Before an experiment, each 
cantilever was prepared by calibrating the spring constant as well as 
the deflection sensitivity via build-in procedures of the Cytosurge and 
Nanosurf software. For an application in a complete liquid surrounding, 
the fluid reservoir of the FluidFM cantilever was loaded with HEPES-2 
buffer (10  mm HEPES supplemented with 150  mm sodium chloride 
(NaCl) solution, pH = 7.4) and pushed into the microchannel by 
applying a slight over pressure. The alignment of the microfluidic probe 
was performed by using a near-infrared super-luminescence-diode (NIR 
SLD). Its low-coherence length enabled compatibility with simultaneous 
FL. The piezo-regulated movement of the cantilever was controlled via a 
closed feedback-loop within the scan head.

FL-FluidFM Data Acquisition: FL-FluidFM data acquisition was 
operated on separate computers for independent but simultaneous 
control of the correlated methods. FL was performed by using ZEN 2.6 
as imaging software of ZEISS (Carl ZEISS AG, Oberkochen, Germany). 
The control unit of FluidFM experiments was composed of two 
software: the Cytosurge-ARYA for cantilever alignment and defined cell 
detachment workflow, and the C3000 controller unit (Nanosurf GmbH, 
Langen, Germany) for monitoring the cantilever deflection as well as the 
movement of the 100 µm Z-stage and PIFOC.
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Prior to each measurement, the sample stage was set to the highest 
position of +50  µm, followed by a cantilever approach with 5  µm  s−1 
until a set point of 30 to 50 nN was reached. A defined working distance 
between cantilever and a targeted cell was achieved by subsequently 
retracting the Z-stage by 20  µm. With starting the FL-FluidFM 
measurement, the Z-stage moved upwards until cantilever and cell were 
in contact and a setpoint between 30 and 50 nN was reached, followed 
by the immobilization of the cell by applying a negative pressure of 
−400 to −500  mbar. A stable sealing between micropipette and cell
was achieved by a pause of 2 to 3 s in which the sample stage position
and force were kept constant. Afterwards, while maintaining a constant
suction pressure, the 100  µm Z-stage was retracted with a speed of
2 µm s−1 until the lowest stage position of −50 µm was reached. During
this backward movement, the detachment process of an immobilized
cell was recorded with a frequency of 1024 Hz, while at the same time,
the fluorescence microscope acquired a time-series of 60 to 70  s. The
acquisition of all time-series was performed by using an excitation
wavelength of 555 nm. Its intensity was set to 100% and the exposure
time was within a range of 200 to 300  ms. The acquisition of dual-
channel fluorescence images was accomplished by combining 555  nm
with 475  nm excitation light. The exposure time was set to 500  ms in
both cases, whereas the intensity of the blue laser was limited to 40%.
After each experiment, the cantilever was cleaned by rinsing it for 1 min
with sodium dodecyl sulfate (SDS) followed by several washing steps
with ultrapure water. All FL-FluidFM measurements were performed
at room temperature and in FluoroBrite solution as an experimental
surrounding medium.

Force-Curve Processing: The recorded data of a cellular detachment 
was extracted in Excel. Each section of the detachment procedure, 
meaning approach, pause/immobilization, and retraction was given as 
data in the form of cantilever deflection and Z-stage position, depending 
on the time. For the graphical illustration of a force-time curve, the data 
was processed using OriginPro2020. Since the force was proportional to 
the deflection, Hook’s Law

F k x k d· · ·Calib Calib Calibδ= = (1)

was applied. Here, the calibrated spring constant kCalib [N m−1] was 
multiplied by the cantilever deflection x [m], which was composed of the 
deflection signal d [V] and the calibrated deflection sensitivity δCalib [m V−1].  
With this, a whole cell detachment process could be displayed as force-
curve over time.

Detachment Step Analysis: Single unbinding steps of a retraction-
curve were analyzed using OriginPro2020. Each force-jump that was 
preceded by either a ramp-like change in force or a plateau was defined 
as a definite detachment step and manually analyzed via a linear fit. The 
respective slope with standard deviation was automatically calculated by 
a software implemented tool. To limit the fitting area, two markers were 
set, one at the beginning and one at the end of the step. In this way, 
all slopes within a detachment process could be displayed as a slope-
detachment step graph.

Correlated Analysis of FL-FluidFM Data: Force-curves were analyzed 
as described before. The data processing of recorded time-series was 
performed using ZEN 3.0 and ImageJ. After adjusting the fluorescent 
contrast, the relative time of a visualized detachment process was 
displayed, using a software-implemented tool. Unambiguous matching 
of identified detachment steps and spots of cellular unbinding was 
achieved by using the last force-step and its corresponding time as a 
reference and starting point for data reconciliation. A possible temporal 
delay between the two data sets was compensated by considering the 
time difference at each correlated unbinding process.
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